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ABSTRACT: An oil body dispersion (11.3% fat) was prepared by wet disintegration of walnuts and was then subjected to a two-
step model of in vitro digestion. In a gastric environment, proteolysis by pepsin led to the destabilization and coalescence of the
oil bodies. Aggregation of the coalesced oil bodies was apparent under a confocal microscope, with aggregates up to 275 μm in
size. Pepsin-resistant peptides and proteins remained at the surface of the oil bodies, and some were further resistant to intestinal
proteases. Under intestinal conditions, the hydrolysis of walnut triglycerides led to the spontaneous formation of a new type of
multiple emulsions, ranging from 2 to 45 μm in size and with protein material inside the inner water droplets. Transmission
electron microscopy revealed the presence of a liquid-crystalline phase of bile salts and lipolytic products at the surface of the oil
droplets and some bile salt crystals at the surface of the inner water droplets.
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■ INTRODUCTION

Walnuts rank fifth in the production of all tree nuts, with China
being the main producer.1 They are very rich in lipids, about
64.5 g/100 g,2 and contain high levels of phytosterols (mainly
as β-sitosterol, campesterol, and stigmasterol) and polyunsatu-
rated fatty acids (PUFA). Walnut lipids also contain
tocopherols (mostly as γ-tocopherol), phospholipids (0.4%
phosphatidylserine, 0.3% phosphatidylinositol, and 0.4%
phosphatidylcholine), and sphingolipids (0.6%).3 The main
walnut fatty acids are myristic, ω-9 oleic, ω-6 linoleic, and ω-3
α-linolenic acids.3 About 73% of the walnut fatty acids are
polyunsaturated, and about 15% of the walnut fatty acids are
monounsaturated.2

Walnuts contain about 13.5% proteins,2 which are albumin
(6.81%), globulin (17.57%), prolamin (5.33%), and glutelin
(70.11%).4 These proteins show minimal solubility at pH 4 and
an increased solubility at pH <3 and >6. These four main
proteins are composed of several polypeptides, with a molecular
weight ranging from 12 to 67 kDa.4 Some walnut proteins are
allergenic.5−7 One main property of food allergens is their
stability for gastric digestion and, therefore, their ability to reach
the intestine, where absorption and sensitization occur in some
subjects.8

The in vitro and in vivo digestion of lipids and their associated
health effects is the subject of extensive research.9−12 The
consumption of walnuts, because of their high level of PUFA
and phytosterols, has been shown to decrease plasma total and
low-density lipoprotein cholesterol.13 Walnut intake has also
been associated with beneficial effects on risk factors of
cardiovascular disease, cancer, metabolic syndrome, and type 2
diabetes.1 Walnuts, as a rich source of α-linolenic acid, reduced
inflammation markers in hypercholesterolemic subjects.14

Unfortunately, most studies do not consider the structure of
walnut lipids in their native environment and during digestion
as a critical parameter for their digestion and absorption.
Walnut lipids have been extensively characterized,3,4,14 but

their structure and behavior during digestion are poorly studied.

In plants, seeds, and nuts, lipids are stored in oleosomes or oil
bodies, which are oil droplets surrounded by a monolayer of
phospholipids and embedded proteins called oleosins.15 The
microstructure of lipids will affect the way in which they are
digested and absorbed by the body.16 The stability17,18 and
digestion19−22 of oil bodies have recently gathered some
attention, because oil bodies are natural delivery vehicles of fat-
soluble nutrients. Similar to our previous studies on almond oil
body dispersions and bovine milk fat globules,22,23 an aqueous
dispersion of walnuts was obtained and then subjected to
simulated gastrointestinal digestion. The aqueous dispersion of
walnuts contained both walnut lipids and proteins (mostly
storage proteins) in a matrix close to the bolus obtained after
chewing walnuts prior to swallowing. This study aims at
understanding the structural changes occurring during the
digestion of walnut oil bodies.

■ MATERIALS AND METHODS
Chemicals. Shelled and dried walnut halves (nutritional

composition as stated on the packaging: fat, 65.2%; protein, 15.2%;
carbohydrate, 13.7%; origin, USA; fresh walnut flavor; and free from
off-flavors and odor) were purchased fresh from a local wholesale
retailer in Palmerston North, New Zealand. Pepsin from porcine
gastric mucosa (EC 3.4.23.1, P7000, 800−2500 units/mg of protein),
dried porcine bile extract (B8631), and porcine pancreatin (P1750, 4×
United States Pharmacopeial specifications) were purchased from
Sigma-Aldrich Corporation (St. Louis, MO). All other chemicals were
of analytical grade and were purchased from Sigma-Aldrich
Corporation, unless specified otherwise.

Preparation of Walnut Dispersions. Similar to the first
processing steps of soy milk, a 250 g sample of walnuts was soaked
overnight in 1 L of Milli-Q water (18.2 MΩ cm, purified by treatment
with a Milli-Q apparatus, Millipore Corporation, Bedford, MA) at
room temperature. The walnuts in water were then mixed in a wet
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disintegrator (Jeffress Bros, Ltd., Brisbane, Australia) for 5 min. The
aqueous dispersion of walnut oil bodies and proteins, called in this
work “walnut milk”, was obtained after sieving the crushed mixture
through a 150 μm powder sifter. Sodium azide (0.02%, w/v; Merck,
Darmstadt, Germany) was added, and the milk was kept at 4 °C for a
maximum of 2 days. The resulting walnut milk had a pH of 6.1 ± 0.1
and contained 11.3% fat, 3.1% protein, and 14.6% total solids content.
In Vitro Gastric Digestion. The in vitro gastric digestion protocol

simulated fasted-state conditions in humans with a pH between 1 and
3.24,25 First, 10 mL of simulated gastric fluid (SGF) (per liter, 2 g of
NaCl and 7 mL of HCl at pH 1.226) was mixed with 20 mL of milk,
which was then acidified to pH 1.5 with 6 M HCl and incubated at 37
°C for 10 min in a shaking water bath at 95 revolutions/min. Then,
pepsin was added at the physiologically relevant substrate/enzyme
ratio (w/w) of 20:1, and the temperature and pH were kept constant
for 1 h. No gastric lipase was used for reasons explained elsewhere.22

Samples were collected periodically for further characterization.
In Vitro Intestinal Digestion and Free Fatty Acid Release.

The simulated intestinal fluid (SIF) (per liter, 6.8 g of K2HPO4 and
190 mL of 0.2 M NaOH at pH 7.527) contained 150 mM NaCl to
simulate the in vivo intestinal ionic strength and bile extract (5 mg/
mL). No calcium was added because bile extract may already contain
physiological concentrations of calcium.28 Walnut milk was subjected
to gastric digestion for 1 h, as described above. Then, the in vitro
intestinal digestion was carried out by mixing the digested walnut milk
with SIF (1:3, v/v) to a total of 30 mL in a conical flask. The pH was
adjusted to 7, and the mixture was placed in a shaking water bath (95
revolutions/min) at 37 °C. Pancreatin (1.6 mg/mL) was added to the
mixture; the pH was maintained at 7 with 1 M NaOH; and samples
were taken periodically over 2 h for characterization.
The activity of pancreatic lipase was measured over 2 h using a pH-

stat titration method (TitraLab 856, Radiometer Analytical,
Villeurbanne, France) with 0.05 M NaOH and an end point of pH
7.0. The total free fatty acids released were back-titrated at different
time points of intestinal digestion, as described elsewhere.22,29 A blank
titration without pancreatin was carried out.
ζ Potential and Particle Size Distribution. The ζ potential and

average droplet size of the walnut milk and digested samples were
measured using Malvern Zetasizer Nano ZS and Mastersizer MSE
instruments (Malvern Instruments, Ltd., Worcestershire, U.K.),
respectively, as described elsewhere.29 Walnut oil has a refractive
index of 1.4614 with an absorbance of 0.001, and the refractive index of
the aqueous phase is 1.33. Triplicate measurements were made on at
least three individual digestion experiments.
Gel Electrophoresis. The protein composition of digested walnut

milk samples under gastric and intestinal conditions was determined
by reducing tricine−sodium dodecyl sulfate−polyacrylamide gel
electrophoresis (SDS−PAGE), as described elsewhere;29 15 μL of
gastric samples, 30 μL of intestinal samples, and 10 μL of standards
were loaded on the gel.
Confocal Laser Scanning Microscopy (CLSM). A confocal laser

scanning microscope (Leica DM6000B, Heidelberg, Germany) was
used to study the microstructure of walnut milk oil bodies and gastric
and intestinal samples, as described elsewhere,30 using Nile Red (9-
diethylamino-5H-benzo[α]phenoxazine-5-one, 1 mg/mL in dimethyl
sulfoxide, 1:100, v/v) to stain the triglycerides and Fast Green FCF
(disodium 2-[[4-[ethyl-[(3-sulfonatophenyl)methyl]amino]phenyl]-
[4-[ethyl-[(3-sulfonatophenyl)methyl]azaniumylidene]cyclohexa-2,5-
dien-1-ylidene]methyl]-5-hydroxybenzenesulfonate, 1 mg/mL in Milli-
Q water, 1:100, v/v) to stain the proteins.
Transmission Electron Microscopy (TEM). A Philips 201C

transmission electron microscope (Philips, Amsterdam, The Nether-
lands) was used to investigate the structure of the samples after
digestion under gastric and intestinal (60 or 120 min) conditions.
Digested milk samples were injected into freshly made 3% agarose
tubes. The tubes were fixed in 3% glutaraldehyde in 0.1 M cacodylate
buffer (pH 7.2). The tubes were then fixed in 1% osmium tetroxide in
cacodylate buffer, dehydrated in acetone, and embedded in fresh 100%
resin. The resin blocks were cut using a diamond knife and an
Ultramicrotome (Leica, Vienna, Austria) and were stained with

Toluidine Blue for viewing under a light microscope (Olympus BX51,
Tokyo, Japan). Ultrathin sections were collected on a copper grid and
were stained with saturated uranyl acetate in 50% ethanol and then
with lead citrate.

■ RESULTS AND DISCUSSION
Particle Size Distribution and ζ Potential. The particle

size of the oil bodies was affected during digestion (Figure 1).

The walnut oil bodies had a Sauter average diameter, d32, of 5.8
± 0.1 μm and a volume mean diameter, d43, of 9.8 ± 0.5 μm.
Walnut oil bodies showed a bimodal size distribution, with
particle sizes between 0.5−1.4 and 1.4−30 μm (Figure 1). The
larger particles may result from the coalescence of smaller oil
bodies during the walnut milk preparation. A similar bimodal
distribution was observed when the walnut milk was mixed with
SGF. The smaller oil bodies are likely to be digested faster than
the larger oil bodies9 and, consequently, were not detected after
30 min of gastric digestion (Figure 1). During gastric digestion,
the size distribution shifted toward larger sizes (10−275 μm),
whereas, under intestinal conditions, the distribution of the
particle size became trimodal (1.6−45 and 45−360 μm) with
the increasing detection of particles in the size range of 0.4−1.6
μm (Figure 1), possibly because of the formation of micelles
and vesicles containing lipolytic products. In in vivo models,
vesicles and micelles are usually found to be relatively small (in
the order of a few nanometers up to 600 μm11), but in in vitro
conditions, they may coalesce because of their accumulation in
the reaction chamber.22

The walnut oil bodies carried a negative charge at neutral pH
(Figure 2). When subjected to gastric conditions, the surface
charge became positive because of the decrease in pH (Figure
2). The ζ potential dropped quickly (i.e., became less positive)
after the addition of pepsin because of the hydrolysis of
proteins present at the oil body surface by pepsin. As a result,
the repulsion between oil bodies decreased, which led to their
aggregation. After the addition of bile extract and an increase in
pH (intestinal conditions), the ζ potential of the oil bodies
decreased further (Figure 2), indicating the adsorption of
negatively charged bile salts to the interface. A further gradual
drop in ζ potential (Figure 2) was probably caused by the
accumulation of lipolytic products at the oil−water interface.

Figure 1. Particle size distributions of walnut oil bodies before (native)
and during gastric (t0g, before adding pepsin; t30g, 30 min after
adding pepsin; and t60g, 60 min after adding pepsin) and intestinal
(t0I, before adding pancreatin; t30I, 30 min after adding pancreatin;
t60I, 60 min after adding pancreatin; and t120I, 120 min after adding
pancreatin) digestion.
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In Vitro Protein Hydrolysis. The hydrolysis of walnut
proteins by pepsin and the intestinal proteases was followed by
reducing tricine−SDS−PAGE (Figure 3). The native walnut
storage polypeptides were identified following Sze-Tao and
Sathe’s nomenclature.4 Walnut oleosins, which present a major
band of 12 kDa and three minor bands of 3, 20, and 62 kDa,31

have similar molecular weights to those of walnut storage
proteins and, hence, cannot be differentiated on the SDS−
PAGE (Figure 3). Most proteins were still present after 15 min
of digestion by pepsin (Figure 3). At the end of the 60 min of
gastric digestion, the main walnut protein, glutelin (G) (strong
doublet at 33 and 37 kDa and another major polypeptide at 21
kDa), some pepsin-resistant peptides, and possibly some minor
low-molecular-weight (<10 kDa) polypeptides of albumin (A),
prolamin (P), and globulin (B) were still detected (Figure 3).
The pepsin-resistant peptides were easily hydrolyzed by
intestinal proteases. However, a faint band of glutelin (33
kDa) was still detected at the end of the intestinal digestion
(Figure 3).

After extraction and purification, walnut glutelin was found to
be easily hydrolyzed in vitro by pepsin, trypsin, and
chymotrypsin, whether in its native form or its heat-denaturated
form.4 The method to isolate glutelin possibly changed its
conformation and exposed sites prone to hydrolysis by
gastrointestinal proteases. Another explanation of the dissim-
ilarity between our results and the results found for isolated
glutelin4 may be the effect of the interactions between walnut
phenolic compounds and proteins at neutral and alkaline pH.
The skin of walnuts is very rich in phenolic compounds, mainly
condensed tannins and phenolic acids.32 The interactions of
walnut proteins with phenolic compounds have been shown to
decrease their solubility, having a possible effect on the protein
bioavailability.32 Therefore, these phenolic−protein interac-
tions, mainly ionic and hydrophobic, may have been
responsible for the partial resistance of walnut glutelin to
proteolysis, because walnuts with skin were used for the
preparation of walnut milk. One last explanation may be the
presence of polysaccharides and insoluble fibers from walnut
skins interacting with walnut proteins by covalent bonding or
electrostatic interactions33 and having a similar protective effect
on the proteins against hydrolysis.

Free Fatty Acid Release. The release of total free fatty
acids was typical of that of an oil-in-water emulsion (Figure 4).

Figure 2. ζ-Potential values of walnut oil bodies before (native) and
during gastric (t0g, before adding pepsin; t15g, 15 min after adding
pepsin; t30g, 30 min after adding pepsin; t45g, 45 min after adding
pepsin; and t60g, 60 min after adding pepsin) and intestinal (t0I,
before adding pancreatin; t30I, 30 min after adding pancreatin; t60I,
60 min after adding pancreatin; and t120I, 120 min after adding
pancreatin) digestion.

Figure 3. Reducing tricine−SDS−PAGE patterns of walnut milk and digested samples. Identification of strong and faint bands of proteins according
to Sze-Tao and Sathe.4 A, albumin; B, globulin; G, glutelin; P, prolamin; S1, high-molecular-weight standard; 1, t0g; 2, t1g; 3, t2g; 4, t5g; 5, t15g; 6,
t30g; 7, t60g; 8, t1I; 9, t2I; 10, t5I; 11, t15I; 12, t120I; S2, low-molecular-weight standard; g, gastric; and I, intestinal.

Figure 4. Total free fatty acid release from gastric-digested walnut milk
oil bodies during 120 min of intestinal digestion and measured after
back-titration.
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The rate of lipolysis was fast in the first 10 min and then slowed
because the accumulation of lipolytic products at the interface
prevented the pancreatic lipase from accessing the triglyceride
core.29 These lipolytic products are further solubilized into
phospholipid vesicles and mixed phospholipid−bile salt
micelles.34 No lag phase was observed in the titration curve
of the release of titrable free fatty acids (results not shown),
suggesting that pancreatic lipase was rapidly adsorbed and
activated at the surface of the walnut oil bodies. The rate of
lipolysis slowed down progressively after 10 min and could be
accelerated in the presence of higher concentrations of
calcium,35 because calcium associates with long-chain fatty
acids to form insoluble soaps, which precipitate from the oil−
water interface, enhancing access of pancreatic lipase to the
triglyceride core.36

Microstructural Changes. CLSM. The microstructure of
the native walnut milk under CLSM was typical of that of an
oil-in-water emulsion, with oil droplets surrounded by a layer of
proteins (Figure 5). Few oil bodies aggregated when the walnut
milk was mixed with the acidic SGF. Once proteolysis by
pepsin started, large oil bodies were observed (Figure 5),
indicating their coalescence because of destabilization of the

interface and incomplete coverage by peptides from proteolysis.
The coalesced oil bodies formed aggregates, as expected from
the low ζ potential of the oil bodies during gastric digestion.
The aggregation of large oil bodies also explains the increase in
particle size during in vitro digestion (Figure 1). Their surface
was covered by pepsin-resistant peptides and proteins (Figure
5).
Once the pepsin-digested walnut milk was mixed with SIF

and bile salts at pH 7, breakdown of the oil body aggregates and
stabilization of the walnut oil bodies (Figure 6) occurred
because of the adsorption of negatively charged bile salts at
their surface, providing electrostatic repulsions between
droplets. An unexpected phenomenon occurred after the
addition of pancreatin. The formation of a new type of
water-in-oil-in-water emulsion, trapping protein material
stained with Fast Green FCF (panels B−D of Figure 6) in
the inner water droplets, was observed with an increasing yield
with the time of digestion (Figure 6). This new structure will be
called a “spontaneous biological multiple-phase emulsion”
(SBMPE).
The formation of a SBMPE was not observed in our previous

studies of the in vitro digestion of natural oil-in-water

Figure 5. CLSM images of native (A) and digested (B, 0 min; C, 30 min; and D, 60 min) walnut oil bodies under simulated gastric conditions with
(C and D) or without (A and B) pepsin. The triglyceride core of the oil bodies was stained with Nile Red (red), and the proteins were stained with
Fast Green FCF (blue). Scale bars = 50 μm (B) and 75 μm (A, C, and D).
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emulsions, the almond oil bodies, and bovine milk fat globules,
using similar conditions.29,37 It was not observed when the
pepsin-digested walnut milk was mixed with SIF in the
presence of only either bile extract or pancreatin (results not
shown). Therefore, the particular fatty acid profile of walnuts,
rich in PUFA, interacting with bile salts, may have been
responsible for the “spontaneous” formation of a multiple-
phase emulsion upon the release of free fatty acids. Added
fluorescent dyes and agarose were not responsible for the
formation of the SBPME because it occurred in a similar way
without any dyes or agarose (results not shown). It is surprising
to observe this phenomenon because the agitation was rather
gentle, whereas the typical processing of double emulsions
requires high shear emulsification. Double emulsions have been
observed during phase inversion in the presence of a balanced
combination of hydrophilic and lipophilic emulsifiers.38 This
could have been the driving factor for the formation of the
SBMPE. Indeed, under in vitro conditions of the intestinal
digestion of walnuts, most free fatty acids (mostly long-chain
fatty acids in walnuts) are partially deprotonated,39 the bile
contains negatively charged bile salts, amphiphilic phospholi-
pids, lipophilic cholesterol, and electrolytes,40 and some walnut

peptides are still present. As explained previously,30 soaking
nuts leads to the activation of a phospholipase D that is
responsible for the transphosphatidylation of phosphatidyle-
thanolamine and phosphatidylcholine into phosphatidic acid.
Phosphatidic acid carries a negative charge and is very
hydrophilic at neutral pH41 and, therefore, has a preference
for the water phase.

TEM. The digested walnut samples after 60 min (Figure 7)
and 120 min (Figure 8) under intestinal conditions were
analyzed using TEM. The double emulsion shape was kept
during sample preparation (panels A−C of Figure 7 and panel
C of Figure 8). The lipolytic products were transported in
either vesicles or mixed micelles (black arrows in panels A, C,
and D of Figure 7 and panels B and C of Figure 8). Both the
SBMPE and multiple-phase micelles contained electron-dense
material inside the inner water droplets (panels A−C of Figure
7 and panel C of Figure 8), as seen in panels B−D of Figure 6.
This electron-dense material or water−protein-rich phase could
have been either walnut pepsin-resistant peptides or gastric and
intestinal enzymes.
However, the SBMPE was different from the typical double

emulsions, which usually require two types of emulsifier, one to

Figure 6. CLSM images of digested walnut oil bodies under simulated intestinal conditions after 1 h of gastric digestion with (B, 30 min; C, 60 min;
and D, 120 min) or without (A) pancreatin. The triglycerides were stained with Nile Red (red), and the proteins were stained with Fast Green FCF
(blue). Scale bars = 25 μm (C), 50 μm (D), and 75 μm (A and B).
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stabilize the inner droplet and one to stabilize the outer
droplet.38 Indeed, as seen in Figures 7B and 8C, similar crystals

were found at both interfaces. These crystals could have been
composed of bile salts, phospholipids (from bile extract or from

Figure 7. TEM images of digested samples after 60 min of gastric digestion followed by 60 min of intestinal digestion. Black arrows are pointing at
vesicles and micelles transporting lipolytic products. White arrows are pointing at bile salt crystals. Gray arrows are pointing at lipolytic product
crystals. W, water phase; L, oil phase; and WP, water−protein-rich phase.

Figure 8. TEM images of digested samples after 60 min of gastric digestion followed by 120 min of intestinal digestion. Black arrows are pointing at
vesicles and micelles transporting lipolytic products. White arrows are pointing at bile salt crystals. Gray arrows are pointing at lipolytic product
crystals. W, water phase; L, oil phase; and WP, water−protein-rich phase.
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walnut oil bodies),42 calcium-fatty acid soaps, monoglyceride
soaps,43,44 or a combination of some of them. The most likely
candidates are the biosurfactants, bile salts, which, with their
hydrophobic side and hydrophilic side, tend to lay flat at the
surface of oil droplets.45 They tend to associate into disk-
shaped micelles;46 their convex side interacts with the concave
side of the colipase at the oil−water interface. Bile salts and
lecithin have been shown to form liquid crystals at the oil−
water interface, and bile salts form a surfactant phase with
monoglycerides in the presence of NaCl when the hydrophile−
lipophile property of the two mixtures is just balanced.42 In the
presence of surface-active molecules, a liquid-crystalline phase
can occur when the molecule concentration increases from a
dilute system to a saturated solution.47 Thus, it can be assumed
that the increased concentrations of adsorbed bile salts at the
oil−water interface and lipolytic products, i.e., free fatty acids
and monoglycerides, can lead to the formation of a liquid-
crystalline phase at the oil−water interface as lipolysis takes
place and before bile salts form micelles, solubilizing the
lipolytic products.48,49 Anionic detergents transition from a
liquid-crystalline phase to a micellar phase upon an excess of
molecules.45 This could explain why no crystals were observed
in the micelles (Figures 7A and 8B).
In addition, no calcium was added to the SIF but is likely

present in the bile extract. Under in vivo conditions, long-chain
fatty acids are precipitated by calcium into insoluble soaps;
therefore, in the presence of small concentrations of calcium,
long-chain fatty acids tend to accumulate at the interface,
forming a hydrated liquid-crystalline phase.12,47 The crystals
present in the oil phase may be the lipophilic emulsifiers
migrating in the oil phase,38 in the present case, the lipolytic
products. These crystals (gray arrows in panels B and D of
Figure 7 and panel D of Figure 8) tended to migrate toward the
oil−water interface and to associate with bile salt crystals (white
arrows), as seen in panel D of Figure 7 and panels A and B of
Figure 8. One can hypothesize that some of these interfacial
crystals contain some calcium.
Dependent upon the ratio of lipids/lipolytic products/bile

salts/cholesterol/phospholipids present during digestion, sev-
eral structure formations, such as lamellar liquid crystals, mixed
micelles, and mutilamellar or unilamellar vesicles, can be
observed.40 Interfacial liquid crystals were observed in the
presence of surfactants and electrolytes, such as sodium
chloride.50,51 In some instances, a decrease in the interfacial
tension could result in the formation of liquid crystals at the
water−oil interface by orienting hydrophilic surfactants.51 It is
thought that bile salts interact synergistically with phospholi-
pids at the surface of oil droplets in the duodenum, causing a
reduction in the interfacial tension.52 Water-in-oil-in-water
emulsions could be formed in the liquid-crystalline-like
detergent phase of surfactants, where there is a contrasting
balance between the lipophilicity and the hydrophilicity of the
surfactants.51 This could have been the main factor here for the
formation of crystals of amphiphilic bile salts at the water−oil
and oil−water interfaces.
The present study showed the in vitro digestion of walnut

lipids and proteins using a static model that simulated gastric
and intestinal conditions. The digestion of walnut proteins was
not complete, and the walnut oil bodies coalesced and formed
aggregates under gastric conditions. In the intestinal environ-
ment, a SBMPE was formed, with bile salt crystals stabilizing
the water−oil and oil−water interfaces. These structures are
likely to play a major role in how lipids are digested and

absorbed from walnuts. In the future, we plan to look at the
digestion in a dynamic model that considers the buffering
capacity of the food, the gradual secretion of gastric and
intestinal juices, the gastric emptying rate, and the intestinal
absorption of products of digestion. Another important
parameter to consider is the effect of adding a gastric lipase
during the gastric phase. It will be of great value to compare the
results of in vitro digestion to in vivo data to determine if the
formation of a SBMPE occurs in vivo.
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(CNRS, Marseille, France) and Derek Gragson (California
Polytechnic State University, San Luis Obispo, CA) for fruitful
discussions.

■ ABBREVIATIONS USED
CLSM, confocal laser scanning microscopy; PUFA, polyunsa-
turated fatty acids; SBMPE, spontaneous biological multiple-
phase emulsion; SDS−PAGE, sodium dodecyl sulfate−
polyacrylamide gel electrophoresis; SGF, simulated gastric
fluid; SIF, simulated intestinal fluid; TEM, transmission
electron microscopy

■ REFERENCES
(1) Alasalvar, C.; Pelvan, E. Eur. J. Lipid Sci. Technol. 2011, 113, 943−
949.
(2) Venkatachalam, M.; Sathe, S. K. J. Agric. Food Chem. 2006, 54,
4705−4714.
(3) Miraliakbari, H.; Shahidi, F. J. Food Lipids 2008, 15, 81−96.
(4) Sze-Tao, K. W. C.; Sathe, S. K. J. Sci. Food Agric. 2000, 80, 1393−
1401.
(5) Sordet, C.; Culerrier, R.; Granier, C.; Rance, F.; Didier, A.; Barre,
A.; Rouge, P. Peptides 2009, 30, 1213−1221.
(6) Teuber, S. S.; Dandekar, A. M.; Peterson, W. R.; Sellers, C. L. J.
Allergy Clin. Immunol. 1998, 101, 807−814.
(7) Teuber, S. S.; Jarvis, K. C.; Dandekar, A. M.; Peterson, W. R.;
Ansari, A. A. J. Allergy Clin. Immunol. 1999, 104, 1311−1320.
(8) Astwood, J. D.; Leach, J. N.; Fuchs, R. L. Nat. Biotechnol. 1996,
14, 1269−1273.
(9) Armand, M. Curr. Opin. Clin. Nutr. Metab. Care 2007, 10, 156−
164.
(10) Carriere, F.; Renou, C.; Lopez, V.; De Caro, J.; Ferrato, F.;
Lengsfeld, H.; De Caro, A.; Laugier, R.; Verger, R. Gastroenterology
2000, 119, 949−960.
(11) Armand, M.; Pasquier, B.; Andre, M.; Borel, P.; Senft, M.;
Peyrot, J.; Salducci, J.; Portugal, H.; Jaussan, V.; Lairon, D. Am. J. Clin.
Nutr. 1999, 70, 1096−1106.
(12) Patton, J. S.; Carey, M. C. Science 1979, 204, 145−148.

Journal of Agricultural and Food Chemistry Article

dx.doi.org/10.1021/jf303456a | J. Agric. Food Chem. 2013, 61, 410−417416



(13) Damasceno, N. R. T.; Perez-Heras, A.; Serra, M.; Cofan, M.;
Sala-Vila, A.; Salas-Salvado, J.; Ros, E. Nutr., Metab. Cardiovasc. Dis.
2011, 21, S14−S20.
(14) Bolling, B. W.; Chen, C. Y. O.; McKay, D. L.; Blumberg, J. B.
Nutr. Res. Rev. 2011, 24, 244−275.
(15) Huang, A. H. C. Curr. Opin. Struct. Biol. 1994, 4, 493−498.
(16) Singh, H.; Ye, A.; Horne, D. Prog. Lipid Res. 2009, 48, 92−100.
(17) Nikiforidis, C. V.; Kiosseoglou, V. J. Agric. Food Chem. 2010, 58,
527−532.
(18) Iwanaga, D.; Gray, D.; Decker, E. A.; Weiss, J.; McClements, D.
J. J. Agric. Food Chem. 2008, 56, 2240−2245.
(19) Beisson, F.; Ferte, N.; Bruley, S.; Voultoury, R.; Verger, R.;
Arondel, V. Biochim. Biophys. Acta, Mol. Cell Biol. Lipids 2001, 1531,
47−58.
(20) White, D. A.; Fisk, I. D.; Makkhun, S.; Gray, D. A. J. Agric. Food
Chem. 2009, 57, 5720−5726.
(21) Wu, N.-N.; Huang, X.; Yang, X.-Q.; Guo, J.; Yin, S.-W.; He, X.-
T.; Wang, L.-J.; Zhu, J.-H.; Qi, J.-R.; Zheng, E.-L. J. Agric. Food Chem.
2012, 60, 1567−1575.
(22) Gallier, S.; Singh, H. Food Funct. 2012, 3, 547−555.
(23) Gallier, S.; Ye, A.; Singh, H. J. Dairy Sci. 2012, 95, 3579−3592.
(24) Dressman, J. B.; Berardi, R. R.; Dermentzoglou, L. C.; Russell,
T. L.; Schmaltz, S. P.; Barnett, J. L.; Jarvenpaa, K. M. Pharm. Res. 1990,
7, 756−761.
(25) Kalantzi, L.; Goumas, K.; Kalioras, V.; Abrahamsson, B.;
Dressman, J. B.; Reppas, C. Pharm. Res. 2006, 23, 165−176.
(26) U. S. Pharmacopeia. The National Formulary 19; U.S.
Pharmacopeia Board of Trustees: Rockville, MD, 2000; Vol. 24, p
2235.
(27) U. S. Pharmacopeia. Simulated intestinal fluid. In Official
Monographs; U.S. Pharmacopeia Board of Trustees: Rockville, MD,
1995.
(28) Tiss, A.; Ransac, S.; Lengsfeld, H.; Hadvary, P.; Cagna, A.;
Verger, R. Chem. Phys. Lipids 2001, 111, 73−85.
(29) Gallier, S.; Singh, H. Food Funct. 2012, 3, 547−555.
(30) Gallier, S.; Gordon, K. C.; Singh, H. Food Chem. 2012, 132,
1996−2006.
(31) Santos, A.; Zuidmeer, L.; Summers, C.; Marsh, J.; Knulst, A.;
van Ree, R. Allergy 2009, 64, 27−27.
(32) Labuckas, D. O.; Maestri, D. M.; Perello, M.; Martinez, M. L.;
Lamarque, A. L. Food Chem. 2008, 107, 607−612.
(33) Bouyer, E.; Mekhloufi, G.; Rosilio, V.; Grossiord, J.-L.; Agnely,
F. Int. J. Pharm. 2012, 436, 359−378.
(34) Hofmann, A. F.; Borgstrom, B. Fed. Proc. 1962, 21, 43−50.
(35) Hu, M.; Li, Y.; Decker, E. A.; McClements, D. J. Food
Hydrocolloids 2010, 24, 719−725.
(36) Michalski, M. C. Eur. J. Lipid Sci. Technol. 2009, 111, 413−431.
(37) Gallier, S.; Ye, A.; Singh, H. J. Dairy Sci. 2012, 95, 3579−3592.
(38) Dickinson, E. Food Biophys. 2011, 6, 1−11.
(39) Kanicky, J. R.; Shah, D. O. J. Colloid Interface Sci. 2002, 256,
201−207.
(40) Staggers, J. E.; Hernell, O.; Stafford, R. J.; Carey, M. C.
Biochemistry 1990, 29, 2028−2040.
(41) Walstra, P.; Wouters, J. T. M.; Geurts, T. J. Dairy Science and
Technology; CRC Press (Taylor and Francis Group): Boca Raton, FL,
2006.
(42) Kunieda, H.; Ohyama, K. J. Colloid Interface Sci. 1990, 136,
432−439.
(43) Rigler, M. W.; Patton, J. S. Biochim. Biophys. Acta 1983, 751,
444−454.
(44) Salentinig, S.; Sagalowicz, L.; Leser, M. E.; Tedeschi, C.; Glatter,
O. Soft Matter 2011, 7, 650−661.
(45) Hofmann, A. F.; Hagey, L. R. Cell. Mol. Life Sci. 2008, 65, 2461−
2483.
(46) Kerfelec, B.; Allouche, M.; Colin, D.; Van Eyck, M. H.; Brasseur,
R.; Thomas, A. Proteins: Struct., Funct., Bioinf. 2008, 73, 828−838.
(47) Myers, D. Surfaces, interfaces, and colloids. Principles and
Applications; John Wiley and Sons: New York, 1999.

(48) Gustafsson, J.; Nylander, T.; Almgren, M.; Ljusberg-Wahren, H.
J. Colloid Interface Sci. 1999, 211, 326−335.
(49) Hofmann, A. F.; Borgstroem, B. J. Clin. Invest. 1964, 43, 247−
257.
(50) Vaziri, A.; Warburton, B. J. Microencapsulation 1995, 12, 1−5.
(51) Ohwaki, T.; Nitta, K.; Ozawa, H.; Kawashima, Y.; Hino, T.;
Takeuchi, H.; Niwa, T. Int. J. Pharm. 1992, 85, 19−28.
(52) Wilde, P. J.; Chu, B. S. Adv. Colloid Interface Sci. 2011, 165, 14−
22.

Journal of Agricultural and Food Chemistry Article

dx.doi.org/10.1021/jf303456a | J. Agric. Food Chem. 2013, 61, 410−417417


